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Abstract  

 

Facioscapulohumeral muscular dystrophy (FSHD) is a rare muscle dystrophy causing muscle weakness 

initially in the face, shoulders and upper arms, and extended to lower body muscles as the disease 

progresses. Respiratory restriction in FSHD is increasingly reported to be more common and severe than 

previously thought, with the involvement of diaphragm weakness in pulmonary insufficiency being under 

debate. As aberrant expression of the double homeobox 4 (DUX4) gene is the prime cause of FSHD, we 

and others have developed numerous strategies and reported promising results on downregulating DUX4 

expression in both cellular and animal models of FSHD. However, the effect of DUX4 and anti-DUX4 

approaches on diaphragm muscle has not been elucidated. Here we show that toxic DUX4 expression causes 

pathology that affects the diaphragm of ACTA1-MCM/FLExDUX4 mouse model of FSHD at both 

molecular and histological levels. Of importance, a systemic antisense treatment that suppresses DUX4 and 

target genes expression by 50% significantly improves muscle regeneration and muscle fibrosis, and 

prevents modification in myofiber type composition, supporting its development as a treatment for FSHD. 

 

 

  



3 

 

 

Introduction  

 

Facioscapulohumeral Muscular Dystrophy (FSHD) is a rare inherited autosomal dominant disease with an 

estimated prevalence of 5-13 in 100,000 1,2, but the rate of de novo cases is approximately 30% 3. As the 

name suggests, FSHD affects muscles in the face, around the shoulder blades, and in the upper arms, with 

progressive muscle weakness often appearing clinically asymmetric 4. However, many patients experience 

effects in other areas throughout the entire skeletal muscle system, particularly as the disease progresses, 

i.e., the torso and lower limbs, and about 20% of patients become wheelchair bound 4–6. Extramuscular 

complications of FSHD have been considered rare and restricted to patients in later stages of the disease or 

with severe disease manifestation 7–11, or become more likely in patients with infantile FSHD 12–14. Among 

these, restrictive respiratory function has been documented in 8-10% of patients 7,15 and about 1% of the 

Dutch FSHD population has reported to be on home ventilatory support 8. Nevertheless, respiratory 

involvement in FSHD has been recently found to be more frequent and severe than previously thought. In 

two independent studies involving 80-100 FSHD patients with variable disease severities, reduced 

respiratory capacity was detected in more than one third of the participants and 14% of patients required 

non-invasive ventilation 9,16, with the risks of pulmonary insufficiency increasing with spine deformity, 

disease severity or wheelchair dependency 7,10. Sleep-related breathing disorder, a consequence of 

respiratory dysfunction, has been additionally identified in at least 40% of FSHD patients, regardless of the 

disease severity 17,18, and this may account for the chronic fatigue in over 90% of patients with FSHD 19,20.  

 

Numerous studies have suggested that weakness of the expiratory muscles and the proximal lower 

extremities are the predominant causes of the respiratory impairment in FSHD, and involvement of 

diaphragm muscle is spared 7–10,14,21. In contrast, other groups have evidenced that both expiratory and 

inspiratory muscles, and in particular the diaphragm have great impact on the pulmonary dysfunction seen 

in FSHD patients 6,22,23. These conflicting conclusions likely arise from the methods used when evaluating 
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the respiratory function. In fact, most studies have examined the pulmonary capacity mainly through 

spirometry testing or maximum inspiratory/expiratory pressure measurement 9,10,21 that might not be 

suitable to detect diaphragmatic defects. Dysfunction of the diaphragm has been often identified when 

ultrasound techniques or invasive methods involving electrophysiological assessment of the muscle 

function were employed 6,22. So far only one study has reported histopathological changes in the diaphragm 

of a deceased FSHD patient, who unfortunately passed away due to cardiopulmonary failure 24. 

Interestingly, autopsy analysis revealed histopathological changes in the diaphragm similar to those seen in 

lower limb muscle biopsies of FSHD patients 3,25. This supports that diaphragm muscle is affected in FSHD 

and diaphragmatic dysfunction highly contributes to the respiratory insufficiency in FSHD, highlighting 

that therapeutic strategies for FSHD should consider the involvement of diaphragm muscle in addition to 

other well-documented skeletal muscles.       

 

Despite being the third most common muscular dystrophy, there is no existing disease-modifying treatment 

available for FSHD. Since aberrant expression of the double homeobox 4 (DUX4) gene has been suggested 

as a predominant cause of FSHD pathogenesis 26–28, we and others have developed numerous approaches 

to suppress DUX4 expression 28–43, with most studies conducted in cellular models of FSHD 28,31,33,38,41,43. 

Few groups have investigated therapeutic potential in animal models of the disease but none has assessed 

the effect on diaphragm muscle 29,35,36,39,40,44, possibly because clinical understanding of the involvement of 

diaphragm in FSHD has been misconceived. 

 

We have recently demonstrated systemic therapeutic efficacy of an antisense approach that used 

phosphorodiamidate morpholino oligomers conjugated to a cell-penetrating moiety octaguanidine 

dendrimers (Vivo-PMOs) directly targeting the DUX4 mRNA in the tamoxifen-inducible Cre-driver 

ACTA1-MCM/FLExDUX4 mouse model of FSHD 36. We have shown that following weekly 

intraperitoneal injections of the antisense chemistry, DUX4 pathology in tibialis anterior (TA) muscle of 

treated mice were ameliorated at both molecular and histological levels, significantly improving the muscle 
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function. As the level of DUX4 transgene recombination in the diaphragm of ACTA1-MCM/FLExDUX4 

mouse model has been reported to be higher than in the TA 45, we have examined mRNA expression of 

DUX4 and its target gens in diaphragm muscle, and performed further extensive assessment on diaphragm 

muscle of ACTA1-MCM/FLExDUX4 mice that were treated with the Vivo-PMOs. Our results here 

demonstrate DUX4-induced molecular and histological pathology in diaphragm muscle at comparable 

levels as seen in TA muscles, and confirm systemic therapeutic benefit of the antisense approach, 

supporting its development as a treatment for FSHD.       
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Materials and Methods  

 

Antisense oligonucleotides 

Phosphorodiamidate morpholino oligomers conjugated to a cell-penetrating moiety octaguanidine 

dendrimers (Vivo-PMOs) were purchased from GeneTools (Oregon, USA). Vivo-PMO PACS4 

(AGGATCCACAGGGAGGAGGCATTTTAAT) targets both the polyadenylation signal and the cleavage 

site of DUX4 mRNA. Vivo-PMO SCR (CCTCTTACCTCAGTTACAATTTATA), a standard control of 

GeneTools that targets the HBB mutation causing β thalassemia, was used as a negative control. Vivo-

PMOs were dissolved in sterile ddH2O and were further diluted to desired concentrations in sterile 0.9% 

saline (Sigma, UK) immediately prior to injection into mice.   

 

Study design  

This study was conducted in accordance with the UK Animals (Scientific Procedures) Act 1986. Ethical 

and operational permission was granted by the UK Home Office (Project Licence 70/8271) and the Animal 

Welfare Committee of Royal Holloway University of London. Mice were bred in a minimal disease facility 

at Royal Holloway University of London and kept under a standard 12-hour light/dark cycle with free 

access to food and water. FLExDUX4 (JAX 028710) and ACTA1-MCM (JAX 025750) mice were 

purchased from The Jackson Laboratory (Maine, USA). FLExDUX4 colony was maintained as 

homozygous for Gt(ROSA)26Sortm1.1(DUX4*)Plj while ACTA1-MCM colony was maintained as hemizygous 

for Tg(ACTA1-cre/Esr1*)2Kesr. Tamoxifen (TMX)-inducible Cre-driver bi-transgenic model (ACTA1-

MCM/FLExDUX4) used in this study was generated by crossing ACTA1-MCM males with FLExDUX4 

females. Due to gender specific-DUX4 pathology in the double transgenic model, only males were used, 

and littermates were allocated equally between groups. Sixteen-week-old ACTA1-MCM/FLExDUX4 mice 

received intraperitoneal injection (IP) of 2.5 mg/kg of TMX every 2 weeks to induce DUX4 expression. 

The mice were further IP injected with 10 mg/kg of Vivo-PMO PACS4 (n=5) or 10 mg/kg of Vivo-PMO 

SCR (n=4) on days 2, 8, 16 and 22 after the first TMX administration. Age-matched ACTA1-MCM mice 
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receiving the same TXM dosage and volume-matched saline, instead of Vivo-PMO, were considered as a 

positive control (n=4). All animals were kept under isoflurane-induced anesthesia (3% in 100% O2) during 

injections and were sacrificed after 4 weeks of Vivo-PMO treatment.  

 

Post-mortem tissue processing 

The diaphragm from each mouse was dissected and cut longitudinally into 2 halves. One half of the muscle 

was frozen immediately in liquid nitrogen for RNA extraction and hydroxyproline assay while the other 

half of the muscle was prepared as described in 46, embedded in optimal cutting temperature medium (VWR, 

UK) and subsequently frozen in liquid nitrogen-cooled isopentane (Sigma, UK). Frozen muscle was cryo-

sectioned on an OTF5000 cryostat (Bright, UK) at 10-µm thickness and transverse sections were collected 

onto SuperFrost slides (VWR, UK).  

 

RT-qPCR quantification  

Total RNA from diaphragm muscle was extracted using RNeasy Fibrous Tissue kit (QIAgen, UK), 

following the manufacturer's instructions. Tissue homogenization was performed in the lysis buffer 

provided with the kit at 25 Hz for 4 min on TissueLyser II (QIAgen, UK). RNA was quantified on an ND-

1000 NanoDrop spectrophotometer (Thermo Scientific, UK). One microgram RNA was reverse transcribed 

using QuantiTect reverse transcription kit (QIAgen, UK). Ten nanograms of cDNA diluted in qPCR water 

(Roche, UK) were then amplified using LightCycler480 SYBR Green Master I kit (Roche, UK), according 

to the manufacturer’s instructions, with each sample analyzed in triplicates. Reactions were run on 

LightCycler480 System, initialized at 95oC for 5 min, followed by 45 cycles at 95oC for 15 sec, 60oC for 

15 sec, 72oC for 15 sec. Relative quantification was performed against the corresponding housekeeping 

gene Gapdh. Primers were purchased from Integrated DNA Technologies (Belgium), details as described 

in 36. 
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Immunohistological analyses 

For hematoxylin and eosin (H&E) analysis, frozen muscle sections were fixed in 100% (v/v) ice-cold 

methanol for 10 min and then submerged in hematoxylin (Vector Laboratories, UK) and eosin solutions. 

Sections were dehydrated in a series of 50%, 80%, 90, 100% (v/v) ethanol washes, 1 min/wash, cleared in 

100% (v/v) xylene for 2 x 5 min. Slides were mounted in DPX mountant. Reagents were purchased from 

Sigma, UK unless stated otherwise. Muscle images were captured using an Eclipse Ni-E upright microscope 

and compatible software (Nikon Instruments Inc., New York, USA). 

 

For DUX4 and laminin co-immunostaining, frozen muscle sections were fixed in 4% (w/v) 

paraformaldehyde for 15 min, permeabilized in 0.3% (v/v) Triton X-100, 1x PBS for 10 min, and blocked 

in buffer containing 2% (w/v) BSA, 5% (v/v) goat serum, 0.1% (v/v) Triton X-100, 1x PBS for 30 min. 

Incubation with rabbit anti-DUX4 [E5.5] (1:100, Abcam, UK) and rat anti-laminin (1:1000) was performed 

overnight at 4oC, and then with goat anti-rabbit AlexaFluor568 and goat anti-rat AlexaFluor488 (1:400, 

Life Technologies, UK) for 1 hr at room temperature. Nuclei were stained with 1 µg/ml DAPI. Slides were 

mounted in Mowiol 4-88. Reagents were purchased from Sigma, UK unless stated otherwise. Images were 

captured on Axio Observer D1 fluorescence microscope (Zeiss, UK) at a magnification of x200 by an 

AxioCam MR3. The number of myonuclei positive with DUX4 was manually counted using MuscleJ 

software (National Institutes of Health, Maryland, USA) and expressed as the total DUX4+ nuclei per mm2 

of the muscle section. 

 

Laminin and myosin heavy chain (MyHC) co-immunostaining was performed to assist identification of the 

fiber sarcolemma and the fiber types. Frozen muscle sections were fixed in ice-cold acetone for 10 min, 

then blocked in mouse-on-mouse blocking buffer (Vector Laboratories, UK) supplemented with 1% (w/v) 

BSA, 1% (v/v) goat serum, 0.1% (v/v) Triton X-100, and 1x PBS for 30 min. Subsequent incubation with 

primary antibodies was carried out at 4oC for overnight, and then with compatible secondary antibodies at 

room temperature for 1 hr. Primary antibodies were rabbit anti-laminin antibody (1:300, Abcam, UK) and 
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mouse anti-MyHC antibodies (DSHB, Iowa, USA), including BA-D5, SC-71 and BF-F3 (1:5) for MyHC 

types I, IIA and IIB, respectively, BF-G6 (1:50) for embryonic MyHC (eMyHC); unstained fibers were 

considered as type IIX. All DSHB antibodies were deposited by Schiaffino, S. 47. Corresponding secondary 

antibodies (Life Technologies, UK) were goat anti-rabbit IgG AlexaFluor405 (1:400) or goat anti-rabbit 

IgG AlexaFluor488 (1:400), goat anti-mouse IgG2b AlexaFluor568 (1:400), goat anti-mouse IgG 

AlexaFluor405 (1:200), goat anti-mouse IgM AlexaFluor568 (1:200), and goat anti-mouse IgG 

AlexaFluor568, respectively. Nuclei were stained with 1 µg/ml DAPI. Slides were mounted in Mowiol 4-

88. Reagents were purchased from Sigma, UK unless stated otherwise. Images were captured on Axio 

Observer D1 fluorescence microscope (Zeiss, UK) at a magnification of x100 by an AxioCam MR3 and 

were automatically stitched together by ZEN Imaging software (Zeiss, UK) to generate an image of the 

whole transverse muscle section. The cross-sectional area of an entire muscle section, the number of total 

myofibers, the number of centrally nucleated fibers or MyHC-specific fibers, as well as the minimal Ferret's 

diameter of fibers were automatically scored by MuscleJ software. Automatic analysis of the frequency 

distribution of the minimal Ferret's diameter was carried out using GraphPad Prism8 software (California, 

USA).  

 

Muscle fibrosis evaluation  

Total hydroxyproline content as a quantitative measure of collagen deposition and muscle fibrosis was 

determined using a hydroxyproline assay kit (Sigma, UK). Approximately half of the hemidiaphragm snap 

frozen in liquid nitrogen from each mouse was used in the assay according to the manufacturer’s 

instructions. For assessment of fibrosis at cross-sectional muscle level, serial muscle sections were fixed in 

ice-cold acetone for 10 min and blocked in 1% (w/v) BSA, 1% (v/v) goat serum, 0.1% (v/v) Triton X-100 

and 1x PBS for 1 hr. Subsequent co-immunostaining with rabbit anti-collagen VI (1:300, Abcam, UK) and 

rat anti-laminin (1:1000, Sigma, UK) was carried out at 4oC, overnight. Slides were washed three times in 

1x PBS, 0.05% (v/v) Tween-20 prior to 1-hr incubation with compatible secondary antibodies (1:400, Life 

Technologies, UK), including goat anti-rabbit AlexaFluor488 and goat anti-rat AlexaFluor568 antibodies, 
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and then were mounted in Mowiol 4-88. Reagents were purchased from Sigma, UK unless stated otherwise. 

Images of whole transverse muscle sections were acquired and generated as described above. MuscleJ was 

used to measure the cross-sectional area of an entire muscle section based on laminin staining and the 

fibrotic area that was positive with collagen staining. The level of muscle fibrosis was expressed as the 

percentage of the total area of the muscle cross-section. 

 

Statistical analysis 

Sample size was initially calculated using G*Power software (version 3.1.9.6, Heinrich-Heine-Universität 

Düsseldorf, Germany) 48. A priori power analysis, with an estimated effect size of 1.5, α level of 0.05 and 

power level of 0.8, was used in both ANOVA test (for comparison between 3 treatment groups) and 2-tails 

t test (for specific comparison between SCR- and PACS4-treated groups). A total sample size of 9 or 18 

mice were suggested respectively. Considering the 3Rs recommendations (http://www.3rs-

reduction.co.uk/html/6__power_and_sample_size.html), which are a legal requirement of research 

performed within UK institutions, a sample size of 13 mice (4-5 mice/group) was finally chosen. Notably, 

a posteriori power analysis based on DUX4 mRNA and DUX4 positive nuclei quantifications suggested 

an actual effect size of 2.7 (up from 1.5 originally estimated). Recalculation of the sample size suggested 

that 4 mice/group were needed to obtain the required 80%power. Data were analyzed using GraphPad 

Prism8 software (California, USA) and are shown as the means ± S.E.M. Error bars represent the S.E.M; 

“n” refers to the number of mice per group. All data passed the normality Shapiro-Wilk test, which is the 

most powerful test among four common normality tests especially for small sample size (3 ≤n ≤ 5000) 49. 

Comparisons of statistical significance were further assessed by Student t-test or one-way ANOVA 

followed by Tukey’s post-hoc test. All histological analyses were performed in a blinded manner. 
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Results 

 

Induced DUX4 expression in ACTA1-MCM/FLExDUX4 mice causes pathological changes in 

diaphragm muscle  

We previously demonstrated that administration of 2.5 mg/kg of tamoxifen (TMX) every 2 weeks in the 

Cre-driver double transgenic ACTA1-MCM/FLExDUX4 mice successfully generated a mouse model with 

progressive DUX4-mediated muscle pathology 36. Since the level of DUX4 transgene recombination in 

diaphragm muscle of the ACTA1-MCM/FLExDUX4 mice has been suggested to be higher than the level 

in tibialis anterior (TA) muscle 45, we initially quantified mRNA expression of DUX4 and two murine 

homologs of DUX4 downstream genes, Trim36 and Wfdc3, that have been extensively reported to be 

activated in FSHD animal models 35,45,50. As demonstrated in Figures 1a-c, the levels of DUX4 and its target 

genes in both diaphragm and TA muscles of ACTA1-MCM/FLExDUX4 mice were highly upregulated as 

compared to the baseline levels in ACTA1-MCM controls (p<0.0001 for DUX4 and Wfdc3, p=0.0056 and 

p=0.0095 for Trim36 in the TA and diaphragm respectively). mRNA expression of DUX4 and the 

downstream genes in diaphragm muscle were comparable to the levels observed in TA muscles. Additional 

histological assessment using hematoxylin and eosin (H&E) staining further confirmed that pathological 

changes in the diaphragm were similar to those observed in TA muscles (Figure 1d), indicating that DUX4 

toxicity does not only affect the TA but also the diaphragm, and that therapeutic approaches addressing this 

respiratory muscle as well as other hindlimb tissues could be beneficial.    

 

Induced expression of DUX4 and target genes in diaphragm muscle is suppressed by Vivo-PMO 

PACS4 antisense treatment  

In our previous study 36, we have shown that systemic treatment with Vivo-PMO PACS4, a 

phosphorodiamidate morpholino oligomer conjugated to a cell-penetrating chemistry 51 that specifically 

targets both the polyadenylation site and the cleavage site of DUX4 mRNA, reduced mRNA quantities of 

DUX4 and FSHD-related genes in TA muscle, improving the muscle function, muscle histopathology, and 
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locomotor activities of treated mice. As the severity of DUX4 pathology in diaphragm muscle of ACTA1-

MCM/FLExDUX4 mice was similar to that observed in TA muscle, we studied the effects of systemic 

Vivo-PMO PACS4 treatment on the diaphragm by examining mRNA expression of DUX4, Trim36 and 

Wfdc3. As predicted, the mRNA levels of these genes were greatly elevated in mice injected with Vivo-

PMO SCR, considered as a negative control, relative to the values of healthy control (CTRL) mice (Figures 

2a-c). Treatment with Vivo-PMO PACS4 significantly downregulated expression of the examined genes 

by about half of the SCR levels towards the CTRL values (p=0.0008 for DUX4, p=0.0175 for Trim36 and 

p=0.0038 for Wfdc3), confirming the effectiveness of antisense therapy against DUX4 and its target genes 

in the diaphragm muscle of the model used. DUX4 downregulation was further confirmed by quantification 

of the number of myonuclei positive with DUX4 immunostaining. We scored 297.0±33.9 DUX4+ 

nuclei/mm2 in SCR-treated diaphragm. This was reduced by 31% to 205.6±9.2 DUX4+ nuclei/mm2 

following PACS4 treatment, p=0.0151 (Figure 2d). Representative immunostained images are shown in 

Figure 2e.  

 

Vivo-PMO PACS4 ameliorates DUX4-induced muscle weight loss and muscle regeneration 

In line with reduction in the mass of whole body and several hindlimb muscles that was previously observed 

in ACTA1-MCM/FLExDUX4 mice receiving Vivo-PMO SCR 36, the diaphragm mass normalized to the 

body weight dropped from 3.61±0.07 mg/g of the CTRL value to 3.26±0.04 mg/g (p=0.0453). However, 

the muscle mass of PACS4-injected mice remained at 3.57±0.10 mg/g that was as heavy as the CTRL mass 

(p=0.9219) and 9.5% heavier than the value of SCR muscle (p=0.0646), (Figure 3a). Qualitative 

assessment of H&E staining indicated that DUX4 expression in SCR group led to variability in the myofiber 

size and shape, increase in the number of fibers with centralized nuclei and decrease in overall muscle 

architecture, and that PACS4 treatment inhibited these pathological changes, maintaining the muscle 

histology as close as of the CTRL properties (Figure 3b). These observations were supported by 

quantifying the number and the Ferret’s diameter of diaphragm myofibers, strengthening the negative effect 

of DUX4 expression on muscle histology. We scored 555.0±19.2 fibers/mm2 in the CTRL diaphragm, and 
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668.0±20.9 or 632.2±15.4 fibers/mm2 in SCR (p=0.0046 vs CTRL) or PACS4 (p=0.0309 vs CTRL) group, 

respectively (Figure 3c). Furthermore, the mean diameter of SCR or PACS4 myofibers was significantly 

smaller than that of the CTRL myofibers (p<0.0001), with 26.73±0.2 µm in SCR or 28.48±0.5 µm in 

PACS4 vs 32.73±0.4 µm in CTRL (Figure 3d). Despite having minimal effect on the muscle mass and the 

fiber number, PACS4 treatment improved the myofiber diameter by 6.5% (p=0.0366), compared to fibers 

in the SCR-treated mice. Accordingly, the coefficient of variation of the frequency distribution of myofiber 

diameter after PACS4 treatment was significantly lower than the level of SCR-treated myofiber 

(37.36±0.33% vs 39.91±0.72% respectively, p=0.0080), and was not significantly different from the CTRL 

value of 35.64±0.31% (p=0.0600), (Figures 3e, f). These results suggest that TMX-induced DUX4 

expression led to muscle turnover and therefore muscle degeneration/regeneration rather than muscle 

atrophy.  

 

To characterize further the pathology in diaphragm, we quantified the number of centrally nucleated fibers 

(CNFs) that are considered as regenerated fibers and expressed the results as the percentage of the total 

fiber number within the same transverse diaphragm muscle section (Figures 3g, j). As expected, there was 

a low level of CNFs detected in healthy CTRL muscle (5.4±0.9%), while the percentage in SCR group was 

significantly higher (18.5±0.8%, p<0.0001). However, PACS4 treatment reduced by 20% the percentage 

of CNFs, relative to that seen in SCR-treated muscle (p=0.0250). We further evaluated the amount of 

myofibers expressing embryonic myosin heavy chain (eMyHC) and observed a result consistent with the 

CNF quantification for CTRL and SCR muscles, although PACS4 administration did not significantly 

change the amount of eMyHC positive fibers (Figures 3h, j). Additional RT-qPCR analysis of the mRNA 

level of Myh3 gene that is expressed by eMyHC fibers 52 supported our hypothesis on DUX4 effect on 

muscle degeneration and subsequent muscle regeneration. In fact, Myh3 mRNA level in SCR was 

significantly higher than in CTRL muscles (4.331±0.599 and 0.016±0.007 for SCR and CTRL respectively, 

p=0.0002). Administration of PACS4-treated muscle reduced Myh3 expression to 2.502±0.476 (a 42% 

reduction compared to the SCR level, p=0.0386) (Figure 3i). Taken together, these results demonstrate that 
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treatment with Vivo-PMO PACS4 efficiently prevented myofiber turnover, promoting the growth and 

maturity of unaffected myofibers. 

  

PACS4-mediated DUX4 inhibition reduces muscle fibrosis deposition 

In addition to myofiber turnover, the formation of excessive fibrotic tissue negatively affects muscle 

function and is an important hallmark in FSHD muscles 53,54. We therefore assessed mRNA expression of 

Col1α1, a marker of fibrosis, and observed an upregulation by 13-fold in SCR (p<0.0001) compared to the 

level seen in CTRL (Figure 4a). Treatment with PACS4 significantly reduced Col1α1 expression by 58% 

of the SCR value, from 2.273±0.234 to 0.951±0.216 (p=0.0016). We additionally quantified the total 

hydroxyproline content, a widely accepted measure of collagen deposition and fibrosis in skeletal muscle 

55,56. We detected more than 2-fold increase in the hydroxyproline content in SCR diaphragm compared to 

CTRL muscle (p=0.0001). PACS4 treatment reduced this level by 25%, from 0.495±0.04 to 0.371±0.03 µg 

per mg of diaphragm muscle, p=0.0258 (Figure 4b). Further examination of muscle fibrosis by histology, 

based on collagen VI immunostaining 57, revealed that DUX4 expression led to an increase in the fibrotic 

area of diaphragm muscle, from 8.97±0.25% (CTRL) to 19.71±0.29% (SCR, p<0.0001). PACS4-treated 

muscle displayed 15.69±0.55% fibrotic area, a significant 20% reduction of the value in SCR muscle 

(p=0.0001), (Figures 4c, d). These results are consistent with RT-qPCR quantification for Col1α1 and 

histological analyses for DUX4+ nuclei, CNFs and eMyHC fibers, further supporting the beneficial effect 

of Vivo-PMO PACS4 in affected diaphragm muscles.  

 

PACS4 antisense therapy minimizes pathological changes in myofiber type profile  

Since DUX4-mediated pathophysiology leads to alteration of the myofiber type composition 36,58, we 

immunostained diaphragm muscle for MyHC isotypes and subsequently quantified the number of four 

major myofiber types: slow-twitch MyHC I, fatigue-resistant fast-twitch MyHC IIA, fatigable fast-twitch 

MyHC IIB, and fast-twitch MyHC IIX (associated to a mid-behavior in fatigue between IIA and IIB) 47. 

We observed an increase in types I and IIB myofibers, by 23% (p=0.0292) and 110% (p<0.0001) 
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respectively, and a decrease in myofiber types IIA and IIX, by 22% (p=0.0020) and 13% (p=0.0313) 

respectively, in SCR-treated diaphragm, compared to the CTRL values (Figures 5a-e). PACS4 treatment 

efficiently normalized the percentage of myofiber types I, IIA and IIX to the CTRL properties (p=0.5510, 

p=0.1180, p=0.3789, respectively). The level of type IIB in PACS4 group remained higher than the value 

of CTRL, but it was reduced by 19% compared to the SCR level (p=0.0036). These results clearly indicate 

a shift in the myofiber population due to DUX4-mediated pathology and a nearly complete correction by 

PACS4 mediated antisense treatment.  
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Discussion 

 

Respiratory defects in FSHD are increasingly reported to be more common and severe than previously 

suggested 7,9,10,16,18. This requires adequate assessments and appropriate supportive interventions because 

patients with restrictive respiratory function are at risks of developing sleep-related breathing disorder, 

pulmonary complications or acute respiratory failure leading to sudden death 16,59. Moreover, scapular 

fixation is often proposed as a therapeutic solution for the treatment of scapular winging in FSHD patients 

60,61, but limitation in expansion of the thoracic cage post operation likely reduces respiratory function 60,61. 

Despite advances in understanding of the mechanisms of FSHD, whether diaphragm weakness is involved 

in the respiratory defects remains under debate. It is also unclear if diaphragm dysfunction is the main 

reason for FSHD respiratory failure, or whether the intercostal muscles that belong to both inspiratory and 

expiratory muscle groups have a synergistic effect 62. Substantial investigation is necessary as ventilatory 

support can improve pulmonary capacity 6,22, but prolonged ventilation is often associated with pneumonia, 

lung damage and especially diaphragm dysfunction 63,64. Thereby, patients with pre-impaired, but 

undiagnosed, diaphragm will not receive benefit from the mechanical support. Clinical assessment by 

ultrasonography, computed tomography or electrophysiology can evaluate the morphology and function of 

diaphragm muscle 6,22, but deeper examination is hampered by the need of muscle biopsies to assess 

histopathological changes 65, a procedure that involves meticulous surgical techniques and has low rate of 

acceptance by the patients.     

 

Preclinical animal models of FSHD therefore offer great advantages to tackle this issue. As aberrant 

expression of the DUX4 gene is considered the primary cause of FSHD 26–28, numerous animal models of 

the disease have been developed based on overexpression of the human DUX4 gene 29,34,50,66–70. Although 

none of them fully recapitulates FSHD, three mouse models display successful DUX4 transgenic expression 

and DUX4 pathology consequence in a wide range of skeletal muscles, including iDUX4pA/HSA-rtTA 66, 

TIC-DUX4 68, and ACTA1-MCM/FLExDUX4 45. Interestingly, the Harper Lab 68 was the only group that 
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examined DUX4 effect on diaphragm muscle of their TIC-DUX4 model. Normal diaphragm muscle 

histology, defined as having less than 5% CNFs, and normal distribution of myofiber diameter were 

reported in two thirds of experimental mice, and no change in muscle strength was observed in all mice. 

Jones et al 45 have quantified DUX4 transgenic recombination efficiency in several tissues and organs of 

the ACTA1-MCM/FLExDUX4 mice, including the diaphragm, but subsequent analyses were performed in 

only hindlimb muscles. Therefore, this is the first study demonstrating DUX4 pathology in diaphragm 

muscle of an FSHD animal model, by both molecular and histopathological assessments. Our findings show 

that diaphragm of the ACTA1-MCM/FLExDUX4 mouse model is more affected than that of TIC-DUX4 

model 68, showing substantially higher percentage of CNFs, a significant loss in muscle weight and 

reduction in myofiber diameter. Our additional analyses on both mRNA and protein expression level of 

DUX4, mRNA level of its target genes, muscle regeneration, muscle fibrosis and myofiber types indicate 

that DUX4-mediated pathology similarly affects diaphragm and tibialis anterior (TA) muscle that was 

previously examined with the same outcome measures 36. Interestingly, while marginal effects were 

observed on the diaphragm of the TIC-DUX4 mouse model, DUX4 mediated pathology appeared to be 

more severe in TA and triceps muscles 68. The researchers did not report the level of DUX4 recombination 

in these muscles, which could explain the difference observed in the pathology among muscles of the same 

murine model.  

 

The fact that FSHD affects many skeletal muscles 4–6, and notably the diaphragm 6,22,23, strongly suggests 

the need of a systemic approach for treatment of the disease. Intraperitoneal administration of our Vivo-

PMO PACS4 antisense chemistry in the animal model used provides therapeutic benefit not only in the 

diaphragm examined in this current work but also in the TA and in body-wide muscle function as shown 

previously 36. Although the inhibitory efficacy on DUX4 expression is around 50% at mRNA level and 31% 

at protein level, overall outcome of the systemic approach is more beneficial than strategies targeting a 

particular group of muscles through local administration of therapeutic agents 29,71. Furthermore, antisense 

oligonucleotides are designed to be specific for the target gene and are associated to lower risks of off-
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target effects compared to other approaches using molecules to address broad cellular mechanisms (i.e. 

epigenetic regulators, modifiers of DUX4-related signaling pathways 32,40,41,44,68). Intracellular delivery 

however requires further improvement to maximize the therapeutic efficacy and extensive research is 

needed to optimize antisense chemistries or cell penetrating peptides to be used to deliver the current PMO 

chemistry. Due to the complexity in maintaining the ACTA1-MCM/FLExDUX4 colony (as described in 

the study design), small cohorts of mice were used. This is consistent with the sample sizes of 3-8 

mice/group used in previous studies 35,36,39,72, and importantly, did not reduce the power of statistical 

analysis. This may be due to the specific tamoxifen dose regimen used in this study, that apparently induced 

a more stable DUX4 pathology and by the fact we used FLExDUX4 homozygous females to generate the 

ACTA1-MCM/FLExDUX4 strain. These mice tend to display a more consistent phenotype than the 

heterozygous mice used by other groups. These differences, although modest, may account for the solid 

statistics observed in our data despite the small cohorts of animals. Nevertheless, larger animal cohorts 

would have potentially strengthened the statistical analyses, and therefore should be considered in future 

study design.   

 

In conclusion, our data provide substantial evidence that diaphragm muscle is affected by DUX4 pathology 

in the animal model used. This supports the clinical observations describing the involvement of diaphragm 

in FSHD patients and highlights the importance of developing a systemic strategy for FSHD treatment. 

Moreover, these results confirm the benefit of our antisense approach that downregulates expression of the 

DUX4 gene and improves histopathology of the examined muscles, supporting the development of 

antisense therapy as a therapeutic application for FSHD treatment.   
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Figure legends  

 

Figure 1: Pathological effect of DUX4 on diaphragm muscle. ACTA1-MCM/FLExDUX4 mice and 

ACTA1-MCM healthy controls were injected with 2.5 mg/kg/biweekly tamoxifen (TMX) to induce DUX4 

expression. Four weeks after the first TMX injection, mRNA levels of DUX4 (a) and 2 mouse homologs of 

DUX4 downstream genes, Trim36 (b) and Wfdc3 (c) in diaphragm (DIA) muscle were examined by RT-

qPCR, in comparison with the expression in tibialis anterior (TA) muscle. Data are shown as relative to 

corresponding Gapdh expression and as means ± S.E.M; n = 4-5. Statistical comparison was by Student t 

test, p < 0.01 (**), p < 0.0001 (****).  TA muscle sections were stained with hematoxylin and eosin; 

representative images are shown at magnification of x100, scale bars = 100 µm (d). 

 

Figure 2: Inhibitory effect of Vivo-PMO PACS4 on expression of DUX4 and target genes in 

diaphragm muscle. Following 2.5 mg/kg/biweekly TMX-induced DUX4 expression and 4-weekly 

treatment with either Vivo-PMO PACS4 or PMO SCR (considered as negative control) at 10 mg/kg/week, 

all ACTA1-MCM/FLEXDUX4 mice and healthy control ACTA1-MCM mice (CTRL) that received 

volume-matched saline were sacrificed. mRNA expression of DUX4 (a) Trim36 (b) and Wfdc3 (c) in 

diaphragm muscle was examined by RT-qPCR. Data are shown as relative to corresponding Gapdh 

expression. Diaphragm sections were immunostained with DUX4 and laminin; nuclei were stained with 

DAPI. The number of myonuclei positive with DUX4 staining was manually counted and expressed as the 

total DUX4+ nuclei per mm2 of the transverse section (d). Data are shown as means ± S.E.M; n = 4-5. 

Statistical comparison was by one-way ANOVA followed by Tukey's multiple comparisons test, p < 0.05 

(*), p < 0.01 (**), p < 0.001 (***), p < 0.0001 (****). Representative images of the immunostaining are 

shown at magnification of x200, scale bars = 50 µm; white arrows indicate DUX4+ nuclei (e). 

 

Figure 3: Effect of Vivo-PMO PACS4 on the mass, myofiber diameter and muscle regeneration of 

the diaphragm. After 4 weeks of Vivo-PMO treatment, the diaphragm was dissected and weighted (a). 
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Histological changes were initially assessed by hematoxylin and eosin analysis (b). Muscle sections were 

further stained for laminin, embryonic myosin heavy chain (eMyHC), and DAPI. Laminin staining was 

used for identifying the fiber sarcolemma, subsequent analysis of the minimal Feret's diameter of myofibers 

and analysis of centrally nucleated fibers (CNFs). An average of 8200 myofibers/muscle was examined 

automatically by MuscleJ software. The total number of myofibers per mm2 of the transverse section (c), 

the mean of fiber diameter (d), histogram of frequency distribution of the fiber diameter (e), and coefficient 

of variance of the fiber diameter (f) are shown. CNFs (e) or fibers positive with eMyHC staining (h) are 

expressed as the percentage of the total fiber number. mRNA expression of gene indicative for muscle 

regeneration, Myh3, was quantified by RT-qPCR and shown as relative to Gapdh (i). Statistical comparison 

was by one-way ANOVA followed by Tukey's post-hoc test (a, c, d, f-i). Data are shown as means ± S.E.M; 

n = 4-5; p < 0.05 (*), p < 0.01 (**), p < 0.001 (***), p < 0.0001 (****). Representative images of the entire 

diaphragm cross-sections analyzed by MuscleJ for CNFs, with fibers having 0, 1, 2, 3+ are color-coded as 

white, yellow, orange, and red, respectively (j – upper panel), and images of transverse muscle sections co-

stained with eMyHC (red) and laminin (green) (j – lower panel) are shown at magnification of x100, scale 

bar = 1 mm; corresponding enlarged images at higher magnification are shown in the subsets. 

 

Figure 4: Effect of Vivo-PMO PACS4 on muscle fibrosis. mRNA expression of a fibrotic gene, Col1α1, 

quantified by RT-qPCR are shown as relative to Gapdh expression (a). Hydroxyproline content expressed 

as µg protein per mg muscle weight (b). Fibrotic area was semi-automatically evaluated by MuscleJ and 

expressed as percentage of the area positive for collagen VI immunostaining of the muscle cross-sectional 

area (c). Statistical comparison was by one-way ANOVA followed by Tukey's post-hoc test. Data are shown 

as means ± S.E.M; n = 4-5; p < 0.05 (*), p < 0.01 (**), p < 0.001 (***), p < 0.0001 (****). Representative 

images of the entire diaphragm cross-sections stained with collagen VI are shown at magnification of x100, 

scale bar = 1 mm. Corresponding enlarged images at higher magnification are shown in the subsets (c).  
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Figure 5: Effect of Vivo-PMO PACS4 on myofiber types. Diaphragm muscle sections were 

immunostained for laminin (blue/green), MyHC I (red), MyHC IIA (blue), and MyHC IIB (red); unstained 

fibers were considered as MyHC IIX. The number of MyHC-positive fibers was automatically scored by 

MuscleJ and is expressed as the percentage of the total number of all myofibers within the entire muscle 

sections (a-d). Data are shown as mean ± S.E.M., n = 4-5. Statistical comparison was by one-way ANOVA 

and Tukey's post-hoc test; p < 0.05 (*), p < 0.01 (**), p < 0.0001 (****). Representative images of the 

entire muscle sections are shown at magnification of x100, scale bar = 1 mm; enlarged images at higher 

magnification are shown in the subsets (e). 
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